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Abstract: Here we report a chemoenzymatic approach to synthesize 1-octene from carbohydrates
via ethenolysis of rhamnolipids. Rhamnolipids synthesized by P. putida contain a double bond
between carbon five and six, which is experimentally confirmed via olefin cross metathesis. Utilizing
these lipids in the ethenolysis catalyzed by a Grubbs−Hoveyda-type catalyst selectively generates
1-octene and with good conversions. This study shows the potential of chemoenzymatic approaches
to produce compounds for the chemical industry from renewable resources.
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1. Introduction

For a biobased economy, the renunciation of fossil resources as feedstock for the chemical industry
is essential [1]. Modern biotechnology might produce building blocks for the chemical industry based
on renewable resources [2,3]. To this end, biological processes have to be established for converting
biomass to industrially useful intermediates. Microbial fermentations are also suited for the targeted
synthesis of molecules from biomass for subsequent chemical conversion.

A promising organism for this application is Pseudomonas putida. P. putida is a Gram-negative soil
bacterium that has been investigated extensively since the 1970s [4,5]. Genetic engineering efforts have
led to the production of a broad palette of industrially relevant platform chemicals [6–9] with some
industrial applications already established [10].

One class of molecules synthesized by P. putida on the laboratory scale are rhamnolipids [11].
Rhamnolipids are biosurfactants that can be utilized for a wide range of applications. Because of their
amphiphilic characteristics they can act, for example, as emulsifying [12] and foaming [13] agents.
Furthermore, they are biodegradable and therefore have a low impact on the environment [14].

Rhamnolipids are a diverse group of molecules with more than 60 reported congeners [15] and
consist of one or two hydrophilic carbohydrate rhamnose and the hydrophobic moiety, composed
of a monomer, dimer or trimer of esterified β-hydroxy fatty acids (Figure 1). If the fatty acids are
3-(3-hydroxyalkanoyloxy) alkanoates, the hydrophobic part is called in short HAA. Overall structural
differences result from variations in the carbohydrate and in the hydrophobic moiety. The number of
both the carbohydrate residues and the β-hydroxy fatty acids is usually either one or two, but up to
three β-hydroxy fatty acids have been reported [16]. On the other hand, the number of carbon atoms
in the β-hydroxy fatty acids can vary widely between six [17] and 24 [18], with most scientific papers
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reporting values between eight and 16 [15]. Interestingly, some congeners are reported to feature a
unit of unsaturation [15]. However, the position of the double bond has not been determined so far.
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The olefin metathesis reaction is a powerful tool to convert C=C double bonds via rearrangement 
with other olefins [21]. Ruthenium-based carbene catalysts (so-called Grubbs catalysts) in 
combination with modified Grubbs−Hoveyda-type catalysts allow transformation of such olefins 
with a broad variety of functional groups present [22]. Olefin metathesis offers synthesis pathways 
to convert biobased substrates such as oils and fatty acids into fine chemicals and fuel components, 
explaining the considerable interest in this reaction [23–40]. 

Beside other metal-based catalysts [41–44], the relatively high stability of the Grubbs−Hoveyda-
type catalysts allows the combination of metal catalysis and proteins or enzymes in one pot in a 
concurrent or sequential fashion. Thereby, novel synthetic routes are investigated that enable the 
efficient synthesis of compounds starting from different resources such as renewables. The 
bioorthogonality of the olefin metathesis reaction does not interfere with the reaction or with 

Figure 1. Structure of rhamnolipids. The hydrophobic moiety consists of an ester of two β-hydroxy
fatty acids named hydroxyalkanoyloxy alkanoate (HAA). The chain lengths of these β-hydroxy fatty
acids in this dimer can vary. One or two rhamnose molecules are bound by a glycosidic bond to the
hydroxy group. The carbohydrate is the hydrophilic moiety of the molecule.

The rhamnolipid synthesis pathway involves two key enzymes. The acyltransferase RhlA linking
two hydroxy fatty acids to yield the HAA and the rhamnosyltransferase RhlB attaching a rhamnose
molecule to the HAA to form a mono-rhamnolipid (Scheme 1). The chain length is determined by the
specificity of the RhlA [19], which is supplied with the complete fatty acid spectrum the host cell is
capable of synthesizing via de novo fatty acid synthesis. It has recently been shown that exploiting the
natural diversity of RhlAs from different species enables the host cell to synthesize HAAs of varying
chain lengths [20].
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Scheme 1. Rhamnolipid synthesis pathway. RhlA—acyltransferase, RhlB—rhamnosyltransferase.

The olefin metathesis reaction is a powerful tool to convert C=C double bonds via rearrangement
with other olefins [21]. Ruthenium-based carbene catalysts (so-called Grubbs catalysts) in combination
with modified Grubbs−Hoveyda-type catalysts allow transformation of such olefins with a broad
variety of functional groups present [22]. Olefin metathesis offers synthesis pathways to convert
biobased substrates such as oils and fatty acids into fine chemicals and fuel components, explaining
the considerable interest in this reaction [23–40].

Beside other metal-based catalysts [41–44], the relatively high stability of the
Grubbs−Hoveyda-type catalysts allows the combination of metal catalysis and proteins or enzymes
in one pot in a concurrent or sequential fashion. Thereby, novel synthetic routes are investigated
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that enable the efficient synthesis of compounds starting from different resources such as renewables.
The bioorthogonality of the olefin metathesis reaction does not interfere with the reaction or with
cosubstrates of the enzymes. Nonetheless, compatibility challenges need to be overcome. Commonly,
cell or media components inhibit metal catalysis [42,43,45]. Overcoming these challenges involves the
utilization of compartmentalization strategies [42,46], utilization of biphasic systems,[47] generation of
artificial metalloproteins capable of catalyzing the olefin metathesis reaction [48–52] or, if the enzyme
allows, the utilization of cosolvents [53–55].

Ethenolysis utilizes ethylene as reaction partner and converts internal double bonds into terminal
double bonds. The reaction is highly selective, reducing side product formation to a minimum.
Furthermore, this reaction can be shifted to completeness by applying an excess of ethylene. After the
reaction and simple removal of excess ethylene, the catalyst needs to be removed or quenched, because
the reaction might equilibrate back by releasing ethylene in the cross-metathesis (CM) reaction of
terminal double bonds (Scheme 2).
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Scheme 2. Ethenoylsis reaction catalyzed by the Ru-carbene Grubbs−Hoveyda-type catalyst GH1 and
AquaMet used in this study.

Ethenolysis is already industrially used for the conversion of various plant oils reaching scales of
multiple kilotons per year [56]. However, further renewable resources (e.g., derived from lignocellulosic
biomass) remain largely untouched due to the low activity in the conversion of electron-poor double
bonds. Further challenges for the application of ethenolysis on biomass-derived substrates are the
pool of functionalities (e.g., -OH, -NH2, -COOH, carbonyls) that are challenging for olefin metathesis
catalysts, especially for water- and moisture-sensitive catalysts of the Schrock type on the basis of
tungsten or molybdenum. The ruthenium-based metathesis catalysts (so-called Grubbs catalysts) are
partially able to overcome this inactivation due to an increased stability towards protic substrates and
functional groups [57]. Purification of substrates derived from biomass can be sophisticated and hence
expensive. Therefore, catalysts that can tolerate a certain number of side-products are in favor for the
conversion of biomass-derived substrates.

Nonetheless, ethenolysis of biomass-derived molecules gives access to terminal olefins from
renewable resources. Today, one of the most significant processes to obtain terminal olefins is the
Shell Higher Olefin Process (SHOP) with an annual production of more than one million tons [58] or
via tetramerization of ethylene using chromium catalysts [59,60]. Olefins are valuable compounds,
for example, in polymer chemistry [61] or as synthetic building blocks to be converted further as in the
hydroformylation reaction [62].

We here present a two-step reaction route from carbohydrates to higher olefins. The first step
includes a biological conversion of glucose to a fatty acid derivative using a whole-cell biocatalyst.
The second step consists of the ethenolysis of unsaturated fatty acids catalyzed by the Grubbs-type
catalysts applying ethylene. As catalyst for this transformation, we chose the relatively air- and
water-stable Grubbs−Hoveyda-type catalysts GH1 and AquaMet (Scheme 2).

2. Results and Discussion

The here established bio-/chemical route to olefins via a biological intermediate consists of (1)
the microbial synthesis of HAAs/rhamnolipids in conventional shake flasks and (2) the subsequent
ethenolysis in chemical reactors.
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2.1. Synthesis of the Biological Intermediate

Recombinant Pseudomonas strains were previously engineered for the synthesis of HAAs and
rhamnolipids [9]. To this end, the genes rhlAB and rhlA for the synthesis of rhamnolipids and HAAs,
respectively were derived from P. aeruginosa. The resulting strains P. putida KT2440 pPS05 (rhamnolipid
synthesis) and P. taiwanensis VLB120 pSB01 (HAA synthesis) were cultivated in Fernbach flasks using
lysogeny broth (LB) supplemented with D-glucose and the respective antibiotics. By discrete feeding
of glucose constant surfactant synthesis was achieved resulting in a titer of 0.66 g L−1 HAA and 0.95 g
L−1 rhamnolipids, after 3 and 4.5 days, respectively (Figure 2).
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Figure 2. Synthesis of the biological intermediate. (a) HAA synthesis by a recombinant P. taiwanensis
strain with pulsed addition of glucose. (b) Rhamnolipid synthesis by a recombinant P. putida strain.
The grey curves (triangles) show the course of biosurfactant (HAA and rhamnolipid) synthesis, while the
black line (circles) represents glucose concentrations. The dashed line (squares) shows the cell dry
weight (CDW).

The resulting congener mixture of HAAs contained 70% (w/w) C10-C10, a dimer of
hydroxydecanoate. 10% were C10-C12, while the shorter C8-C10 congener made up 8%. About 10% were
the congener C10-C12:1 with a double bond containing hydroxy fatty acid. The congener composition of
the rhamnolipids was similar with: 68% C10-C10, 14% C10-C12:1, 13% C10-C12, and 5% C8-C10 (Figure 3).
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Figure 3. HAA and RL congeners formed during cultivation. The values are derived from three
biological replicates.

In the metathesis reaction, only the congener carrying the unsaturation is accessible. For that
reason, two purification steps were carried out; via an adsorption/desorption process, hydrophilic
medium components and metabolites were removed. After evaporation of the eluent (ethanol),
the highly concentrated surfactant solutions were subjected to chromatographic separation using a
preparative HPLC system. Both adsorption and desorption showed recoveries above 99%.

While in this study, glucose has been used for the synthesis of the intermediate molecules, recent
studies show that the usage of components of lignocellulosic biomass is an option (e.g., xylose [63]).
This would increase the sustainability of the here proposed approach.
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2.2. Ethenolysis of HAA/Rhamnolipids

First, a sample of HAA was characterized by 1H NMR spectroscopy to determine the amount of
double bonds in the molecule. Based on the generalized structure of the HAA (Figure 1), an ester of
two 3-hydroxy-alcanoic acids, the number of double bonds was determined to be one double bond per
HAA molecule (Figure 4).
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For the ethenolysis reaction, a Grubbs−Hoveyda-type catalyst containing an alcohol group (GH1)
was chosen. The ethenolysis reaction of HAA was performed in a Parr reactor (Figure 5).
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HAA was converted under mild conditions (Scheme 3). NMR-spectroscopic analysis of the
reaction mixture was difficult as several similar species were present. This mixture comprised the two
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ethenolysis products owning now terminal double bonds as well as the cleaved styrene derivative
after initiation of the metathesis reaction. Furthermore, a cross-metathesis reaction of the reaction
partners after the release of ethylene could not be excluded, even though the catalyst was quenched
with ethoxyethene. The liquid phase outside of the glass insert, which formed during the reaction,
contained only volatile products and solvent. The products were identified by their signal patterns and
integration in the 1H NMR spectra. For further analysis an authentic sample was analyzed via GC MS.
Apart from the styrene derivative, 1-isopropoxy-2-vinylbenzene, which formed from the precatalyst in
the initiation step with ethylene, 1-octene was found exclusively, which was also confirmed by GC
MS (Figure S1). Integration of the signals showed the ratio of both components to be 4:1 (1-octene:
1-isopropoxy-2-vinylbenzene), while it was found to be close to 3:1 in the phase inside the glass insert.
This implies an overall conversion of HAAs of around 50%. A considerable margin of error should be
taken into account for the small reaction size and the big volume within the reactor. Furthermore, a loss
of product due to evaporation during workup should be considered as well as further cross-metathesis
reactions might occur after ethylene is released from the autoclave.
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Encouraged by these results obtained for the conversion of HAA, we targeted direct conversion
of the rhamnolipid. Applying ethenolysis directly to this metabolite would facilitate the process
and reduce time and costs for the purification. Since rhamnolipids are water soluble, we performed
ethenolysis in an aqueous environment utilizing the partially water-soluble olefin metathesis catalyst
AquaMet under acidic conditions (favorable for the olefin-metathesis reaction in aqueous solutions) [64].
Following the conversion of the rhamnolipid, the reaction was performed in an NMR tube pressurized
with 4 bar of ethylene in a 1:1 mixture of D2O and THF-d8. The reaction was monitored by 1H NMR
spectroscopy at room temperature (Figure 6).
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Under these conditions, conversion of the rhamnolipid was complete within 80 min corresponding
to quantitative conversion of the substrate. Noteworthy, due to overlapping signals of the mixtures of
products during the conversion of the rhamnolipid, the end of octene formation was observed after
130 min. Subsequent GC MS analysis of diethyl ether extracts of the reaction mixture confirmed the
presence of 1-octene as the only volatile product. This result shows the feasibility of our approach to
directly convert metabolites into valuable compounds by the chemoenzymatic approach.
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2.3. Elucidation of Rhamnolipid Structures

Ethenolysis of the rhamnolipid Rha-C10-C12:1 congener and HPLC/NMR/GC MS analyses allowed
us to locate the position of the unsaturated C=C double bond. The occurrence of 1-octene in the
product spectrum after ethenolysis indicated that the double bond was situated in the dodecenoic
acid part. It has been shown in E. coli, that the 3-hydroxyacyl-ACP dehydratase (FabA) isomerizes the
intermediate from fatty acid de novo synthesis trans-2-decenoyl-ACP to cis-3-decenoyl-ACP. This enzyme
is very specific for the C10 substrate and thus represents a branching point in fatty acid de novo synthesis.
Elongation of the trans-2-decenoyl-ACP leads to saturated fatty acids while cis-3-decenoyl-ACP
elongation yields mono-unsaturated fatty acids [65]. These findings fit our observation. With all
information in hand, the HAA structure depicted in Figure 7 was derived.
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The commonly used method for rhamnolipid structure elucidation is mass spectrometry analysis.
This technique however does not assist with determining the position of the double bond [20,66].
The results achieved here matched earlier observations, in which it was suggested that the double
bond was located δ to the carboxylic acid forming a 5-enoic acid [67,68]. Further support was indicated
by Behrens et al., who found the unsaturation in the dodecenoic acid moiety [66,69].

This finding suggests that the incorporation of an unsaturation occurs in the fatty acid de novo
synthesis during chain elongation. Since the RhlA here used is specifically incorporating C10 fatty acids
into the HAA molecule, a side activity for C8 and C12 fatty acids exists. As can be assumed from the
spectrum of the produced HAAs, RhlA does not distinguish between saturated and mono-unsaturated
fatty acids since the share of C10-C12 and C10-C12:1 is roughly the same (Figure 2). The branching of
the saturated and unsaturated fatty acid synthesis pathways usually occurs at the dehydration of
β-hydroxydecanoyl-ACP to form trans-2-decenoyl-ACP [70]. This can also be seen here, as the C10

fatty acids are saturated. This hypothesis is also supported by recent data from Germer et al. [20].
They utilized RhlA variants from different genetic backgrounds featuring specificities for fatty acids
with higher chain lengths. Following this hypothesis, the share of unsaturation should increase
with increasing chain lengths. Indeed, experimental data suggest the existence of such a correlation
(Figure 8), supporting the theory that unsaturation occurs during fatty acid de novo synthesis after the
fatty acids have reached a chain length of ten carbon atoms. Furthermore, the results from this study
underline the ambiguity RhlA features, regarding double bonds.

A challenge that remains is the low percentage (10–14%) of rhamnolipids and HAAs that have
unsaturated double bonds. In order to increase the synthetic utility of the biochemical synthesis route
for 1-octene, tools as metabolite engineering will help in increasing the share of unsaturated fatty acids.
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3. Experimental Section

3.1. Strains and Cultivation Conditions

The used bacteria strains Pseudomonas putida KT2440 [71], Pseudomonas taiwanensis VLB120 [72]
(formerly known as Pseudomonas species strain VLB120 [73]) were routinely cultivated in LB-media
(10 g/L tryptone, 5 g/L yeast extract, 10 g/L NaCl) [74] at 30 ◦C. Cells containing the derivatives of vector
pSEVA241 [75] were selected by adding kanamycin with a concentration of 50 µg/mL for recombinant
E. coli and Pseudomonas, while for vectors based on pBBR1 [76] 20 µg/mL tetracycline was added.
HAA production in Pseudomonas was carried out in LB-medium with additional 10 g/L glucose and
50 µg/mL kanamycin. The shake flasks were incubated at 30 ◦C at a shaker speed of 80 rpm (G25
Incubator shaker (New Brunswick Scientific Co. Inc., Enfield, USA) throw of 100 mm) in 1.8 L Fernbach
flasks with 500 mL of culture volume.

Vector pSB01 was constructed for C10-HAA production. It was created using
pSEVA241 as backbone carrying the kanamycin resistance gene and pRO1600/ColE1
ori. Using PCR with forward (5′-ATCCAGGGTACCAGCTCTTG-3′) and reverse
(5′-CTGCATGCCTAGGCTTGTCAAGGAAAGG-3′) primers rhlA originating from P. aeruginosa PA01
was amplified from a prior created plasmid (for rhamnolipid synthesis) and put under the control
of a synthetic promoter called SynPro8. Using the endonucleases KpnI and SphI the vector as well
as the PCR product were cut and the linear fragments were ligated. The ligated vector was then
transformed into E. coli DH5α. For HAA production, the vector was subsequently transformed into
P. taiwanensis VLB120.

3.2. Purification

The 500 mL culture broth was mixed with 250 mL acetonitrile for sterilization and protein
precipitation. After acetonitrile evaporation, the suspension was centrifuged for 30 min at 8000 rpm
(Sorvall RC 5B PLUS, Thermo Fisher Scientific Inc., Waltham, MA, USA).

For adsorption, the supernatant was mixed with 3 g of silica adsorbent AA12SA5 (YMC Europe
GmbH, Dinslaken, Germany) for 1 h on a magnetic stirrer at 500 rpm. To separate liquid and adsorbent,
the suspension was centrifuged at 8000 rpm for 1 h. Subsequently, the supernatant was discarded and
the adsorbent was transferred into 50 mL ethanol and stirred for 1 h at 500 rpm on a magnetic stirrer
for desorption. After a following centrifugation at 5000 rpm for 10 min (Heraeus Megafuge 16R from
Thermo Fisher Scientific Inc., Waltham, MA, USA), the supernatant was separated and the ethanol
evaporated until the volume was reduced to 10 mL.

For the chromatographic separation, a preparative HPLC system consisting of the AZURA pump
P6.1L and the AZURA autosampler 3950 (both Knauer GmbH, Berlin, Germany) connected to the
SEDEX 58 LT-ELSD detector (SEDERE, Olivet, France) and the fraction collector Foxy R1 (Teledyne
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ISCO Lincoln, USA) using a VP250/21 NUCLEODUR C18 HTec column (Macherey-Nagel GmbH &
Co. KG, Düren, Germany) was employed. The flow rate was set to 10 mL/min and 3 mL sample were
injected for every run. As eluent, acetonitrile and ultrapure water supplied with 0.2% (v/v) formic
acid were used. For rhamnolipid separation, the gradient was linearly increased from 70% to 76%
between 5 and 10 min, from 76% to 80% between 10 and 25 min, and to 100% until 35 min. It was
decreased back to 70% between 45 and 50 min. The Rha-C10-C12:1 congener was separated between
34.5 and 37 min. For HAA samples, the acetonitrile concentration was linearly increased from 70% to
80% between 5 and 35 min, and to 100% until 37 min. It was decreased back to 70% from 42 to 52 min.
The measurement was terminated after 60 min. The HAA C10-C12:1 congener was separated between
45 and 48 min.

As a final step, the solutions of the separated congeners were evaporated to remove the acetonitrile
and water.

3.3. Analytical Procedures

3.3.1. HPLC for Biosurfactant Quantification

The rhamnolipid and HAA concentrations were characterized by reversed phase high performance
liquid chromatography (RP-HPLC). As main column the model NUCLEODUR C18 Gravity of
Macherey-Nagel GmbH & Co. KG (Düren, Germany) was used (dimensions: 150 × 4.6 mm; particle
size: 3 µm). The HPLC system Ultimate 3000 from Dionex Corporation (Sunnyvale, CA, USA) was
connected to the Corona-charged aerosol detection (CAD) detector (Dionex Corporation, Sunnyvale,
CA, USA). The flow rate was set to 1 mL/min and the column oven temperature was set at 40 ◦C.
A portion of 5 µL of the sample was injected. Acetonitrile and millipore water supplied with 0.2%
(v/v) formic acid were used as eluent. The acetonitrile concentration was linearly increased from 70%
to 100% between 1 and 9 min and it was linearly decreased from 100% to 70% between minute 11
and minute 12. One measurement was terminated after 15 min. The rhamnolipid concentration of
P. putida cultures was measured after 3 days of cultivation. A portion of 1 mL of the suspension was
centrifuged for 5 min at 13,400 rpm. Then 500 µL of the supernatant were subsequently mixed with
500 µL of acetonitrile and centrifuged for 5 min at 13.400 rpm. To measure the samples, 150 µL of the
supernatant was filtered and pipetted into HPLC vials and measured.

3.3.2. NMR Spectroscopy and GC MS Analysis

NMR spectra were recorded on a Bruker Avance II 400 or Bruker Avance III HD 400 at ambient
temperature. Chemical shifts were reported referenced to the residual NMR-solvent signal [77].

GC MS analysis was performed on a Shimadzu GCMS-QP 2010 Plus equipped with a 30 m
FS-Supreme-5ms column from CS-Chromatographie Service GmbH. Helium 5.0 was used as carrier gas.

3.4. Ethenolysis in a Parr Autoclave

In a glass insert for a 22 mL Parr autoclave, 9 mg (25 µmol) of the substrate were dissolved in 2 mL
CDCl3 (or CD2Cl2) along with 2 mg of the Grubbs−Hoveyda catalyst GH1 (synthesized as previously
reported [78]) and the insert was equipped with a magnetic stirring bar. The glass vial was inserted and
the autoclave was tightly closed. The autoclave was pressurized with ethylene (Ethylene 3.5, Gerling
Holz&Co, Hamburg, Germany) to 4.5 bar static pressure and put into an oil bath at 60 ◦C (40 ◦C in case
of CD2Cl2) and stirred. After 16 h the autoclave was cooled to ambient temperature and pressure was
released. The two liquid phases (inside and outside of the glass insert) were separately analyzed by 1H
NMR spectroscopy. The liquid phase containing volatile products was analyzed by GC MS afterwards.

3.5. Ethenolysis in High-Pressure Norell NMR Tube

In a high-pressure NMR tube with a Teflon valve, 10 mg (19 µmol) of the substrate was dissolved
along with 2 mg (2.5 µmol) of the Grubbs−Hoveyda catalyst AquaMet (Sigma-Aldrich, catalogue
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number 901759) in 1.0 mL D2O/THF-d8 (1:1). A dose of 5 µL of DCl (36% in D2O) was added to the
mixture to ensure acidic pH. The tube was pressurized with ethylene to 4 bar after three cycles of
freeze−pump−thaw. The reaction was monitored by 1H NMR spectroscopy over time. Upon completion
of the reaction, the mixture was extracted with Et2O and analyzed by GC MS afterwards.

4. Conclusions

We have shown the potential of combined bio- and chemical synthesis pathways for the production
of valuable compounds. This unique alliance allows the combination of highly selective biocatalytic
transformations with chemical high conversion reactions. Since 1-octene is usually obtained from
petroleum we here present a synthesis route completely based on renewable resources.

Furthermore, this study sheds light on the molecular structure of the important glycolipids
rhamnolipids. The unsaturation in the rhamnolipids and HAAs synthesized here was shown to be
incorporated in the 5-dodecenoic acid.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4344/10/8/874/s1,
Figure S1: GC-MS analysis of the ethenolysis reaction.
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